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Objective: Because collagen damage and cartilage softening have not yet been determined
simultaneously in one study for the very early onset of osteoarthritis (OA), it remains questionable
whether they are associated. The aim of the present study is therefore to evaluate whether indeed, initial
collagen damage can be found when tissue softening occurs as a result of excessive mechanical loading.
Methods: To investigate this aim, a series of speciﬁc indentation loading protocols were designed to
induce and monitor cartilage softening in osteochondral explants of bovine carpometacarpal joints. The
experiment contained one control group (n ¼ 6) in which no damage was induced and four experimental
groups in which samples received either a constant load of 3 (n ¼ 5), 6 (n ¼ 5) or 15 N (n ¼ 6), or an
increasing load (n ¼ 7) from 2 to 13 N in 11 steps. Moreover, to determine mechanically induced collagen
damage, Col2-3/4M (cumulative collagen damage) and Col2-3/4Cshort (only enzymatic damage) staining
were compared.
Results: The normalized peak and equilibrium reaction forces decreased in the groups that received
increasing and 15 N peak loading. However, Col2-3/4M staining was negative in all samples, while
enzymatic damage (Col2-3/4Cshort) appeared similar in experiments and in unloaded control groups.
Conclusion: It was shown that a loading magnitude threshold exists above which softening occurs in
cartilage. However, in samples that did show softening, we were unable to detect collagen damage. Thus,
our results demonstrate that cartilage softening most likely precedes collagen damage.
 2012 Osteoarthritis Research Society International. Published by Elsevier Ltd. All rights reserved.Introduction
Articular cartilage in diarthrodial joints exhibits unique mechan-
ical properties enabling it to transmit and distribute loads. These
biomechanical functions are assured by the extracellular matrix
(ECM) consisting primarily of collagen ﬁbrils embedded in a gel of
proteoglycans (PGs) with low permeability for water ﬂow1. PGs resist
compression while the collagen network withstands tension2e4.
These functions are compromised during osteoarthritis (OA),
adegenerative jointdisease inwhichdeteriorationof theECMoccurs5.
Impact loading and single acute overloads may initiate biolog-
ical degenerative responses of cartilage6,7. Several studies
addressed failure of cartilage following mechanical impact, during
which hydrostatic pressure builds as a result of entrapped water
within the matrix8e11. Torzilli et al.12 used indentation impact loads
to the center of bovine cartilage explants with stress magnitudes of: S.M. Hosseini, PO Box 513,
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s Research Society International. P0.5e65 MPa at a constant stress rate of 35 MPa/s. Cell death was
observed ﬁrst in the superﬁcial tangential zone (STZ) at stress
magnitudes of 10e15 MPa. Matrix damage was initiated at
approximately 25 MPa, while impacts>45 MPa produced strains of
>80% and massive tissue damage. Repo and Finlay13 impacted
explants of human articular cartilage-on-bone in unconﬁned
compression at strain rates of 500 and 1,000 s1. Cell death and
structural damage initiated at the articular surface and around
ﬁssures at strains of 20e30% corresponding to a stress of 25 MPa.
Ewers et al.14 impacted bovine cartilage explants in unconﬁned
compression using stress rates of 40 MPa/s and 930 MPa/s. Both
stress rates deformed the explants to about 50% at 40 MPa peak
stress. Cell death was observed around surface ﬁssures and was
more extensive in the samples subjected to the lower stress rate.
The above studies involved direct cartilage damage as a conse-
quence of single impact loads. However, primary OA develops over
time and the onset is not clear. Already in early or pre-OA stages of
OA, the static and dynamic Young’s and aggregate moduli of
articular cartilage are reduced between 20% and 80%15e21. This
involves both tensile and compressive stiffness of the tissue.
The cause of this early change in mechanical properties remains
unclear, but it has been speculated that damage in the collagenublished by Elsevier Ltd. All rights reserved.
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sible. McCormack andMansour24 noticed that a reduction in tensile
strength of cartilage preceded surface damage under repeated
compressive loading of 65 N in vitro. To reveal sites of collagen
damage, a set of monoclonal mouse antibodies to localize dena-
tured collagen (Col2-3/4M) or enzymatically cleaved collagen
(Col2-3/4Cshort) has been employed1,25e27. Thibault et al.1 showed
collagen damage in explants loaded by average peak stresses
ranging from 2 to 8MPa. Chen et al.26 showed that collagen damage
induced by 5 MPa pressures extended from the superﬁcial layers
into the deep zone, when this pressure was sustained from 20 to
120 min. In addition, it was shown that collagen damage occurs
earlier in thin than in thick cartilage, and this effect was associated
with both shear and tensile strains in the ﬁbrillar network27. Except
for damage to the collagen network, no signs of tissue damagewere
histologically apparent at the loading magnitudes that were used.
From the above studies it can be concluded that both softening
and collagen damage occur in early OA. We may hypothesize that
cartilage softening occurs as a result of initial collagen damage.
However, because collagen damage and cartilage softening have
not yet been determined simultaneously in one study for the very
early onset of OA, it remains questionable whether they are asso-
ciated. The aim of the present study is therefore to evaluate
whether indeed, initial collagen damage can be found when tissue
softening occurs as a result of excessive mechanical loading.
We approached this question by ﬁrst identify a threshold load
above which signiﬁcant softening is induced in articular cartilage.
The premise is that when we start to identify tissue softening,
collagen damage should have reached detectable levels. Therefore,
we subsequently evaluated whether collagen damage could be
detected using the abovementioned immunohistochemical probe
for denatured collagen.
Materials and methods
Sample preparation and setup description
Osteochondral plugs (n ¼ 29, ø7.5 mm, average full-depth
cartilage thickness 0.95 mm, average bone thickness 5 mm) were
obtained from young bovine carpometacarpal joints and stored at
20C until testing. Samples were thawed and left to equilibrate in
PBS at room temperature for about 30 min. Cartilage thickness was
determined as the average of the thickness observed at four sides of
the biopsy by stereomicroscopy. Samples were ﬁxed by dental
cement to the bottom of a 20 mm high bath ﬁlled with PBS in such
a way that the articular surface of the sample was horizontal.
Samples were indented with a stainless steel spherical indenter
(tip radius¼ 1mm), using either a Zwick tensile tester (Z010, ZwickFig. 1. (a): Indenter displacement against time to monitor softening (control group, blue lin
(b): Typical relaxation curve during 10% indentation: peak value (black dot), equilibrium vaRoell, Ulm, Germany) with a 2.5 kN load cell (type Xforce P, Zwick
Roell, Ulm, Germany) and TestExpert II software (Version 3.1), or
Bose tensile tester (ElectroForce LM1 TestBench, Bose Corporation,
Minnesota, USA) with a 20 N load cell. The response of the control
groups (below) showed no difference between the two loading
systems.
Loading protocols and force relaxation parameters (FRPs)
The experiment contained one control group in which no
damage was induced and four experimental groups in which
different levels of peak loads were applied. All groups received
a baseline loading of 5% indentation, which was initially applied
for 90 min to ensure equilibrium. Subsequently, each 1,500 s,
a 600 s period of 10% indentation was applied at a strain rate of
0.001 mm/s, during which relaxation was monitored, followed
by 900 s period of 5% baseline indentation. After 600 s during
this phase, the indenter was lifted from the sample to obtain
a reference 0 N force measurement. These cycles were applied 11
times [Fig. 1(a), blue line]. Superimposed on this control-loading
regime (n ¼ 6), the other four experimental groups received 10
peak loads during each baseline period. This was either a peak
load of 3 N (n ¼ 5), 6 N (n ¼ 5) or 15 N (n ¼ 6), or an increasing
peak load (n ¼ 7) from 2 to 13 N [Fig. 1(a), red line]. Loads were
applied at a strain rate of 0.017 mm/s, and the indenter was
lifted at the same rate immediately after reaching the maximum
load.
The force relaxation curves at 10% indentation were used to
analyze changes in tissue properties as a consequence of the peak
loads. Four features were extracted from these curves: peak force,
equilibrium force, force reduction value [Fig. 1(b)] and the relaxa-
tion time constant which was deﬁned as the time for force to
decrease to 37% of its initial peak value. Together, these four
extracted features represented the relaxation curve and through
the rest of this paper they will be referred to as “FRPs”. For
comparison between samples and experiments, FRPs of the control
group are subtracted from the experimental groups, after which the
data are normalized to their ﬁrst cycle values.
The four FRPs are the critical features of the time dependent
reaction force response of the cartilage samples. During the relax-
ation phase, water is displaced and loads are gradually transferred
to the solid matrix. Given enough time in the relaxation phase, the
tissue will reach equilibrium so any change in the FRP indicates
alterations in the tissue composition and structure. To evaluate the
initiation and progression of softening due to different types of
loading, the differences between FRP values of the second and the
ﬁrst relaxation test, and between the last and the ﬁrst relaxation
test were examined.e) and to apply peak loads (increasing load group, red line) (Cartilage thickness 1 mm).
lue (green line), and force reduction value (red arrow).
Fig. 2. Normalized peak values (mean þ 95% conﬁdence intervals). Reported P-values are those comparing the values of the 11 cycles within each loading protocol. n is the number
of independent samples, and m is the number of femurs used to collect samples.
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After loading, cartilagewas separated from the subchondral bone
using a scalpel. About one third of each sample was dissected and
used to determine water-, GAG- and collagen fractions. Per experi-
mental group, explants were lyophilized, weighed dry [A quarter of
each sample was weighted (wet weight), cut in small pieces and
lyophilized for 24 h to obtain dry pellets. Samples were reweighted
to determine their dry weight], and digested in papain solution
[100 mM phosphate buffer, 5 mM L-cystein, 5 mM ethyl-
enediaminetetraacetic acid (EDTA) and 125e140 mg/ml papain] at
60C for 16 h. The sulfated-glycosaminoglycan (sGAG) content
was determined using a modiﬁcation of the assay described by
Farndale et al.28, with a shark cartilage chondroitin sulfate reference
(Sigma). Subsequently, digested tissue samples were hydrolyzed in
6 M hydrochloric acid (Merck, Whitehouse Station, NJ, USA) andFig. 3. Normalized equilibrium values (mean þ 95% conﬁdence intervals). Reported P-value
number of independent samples, and m is the number of femurs used to collect samples.hydroxyproline (HYP)quantitywas assessedusinganassaymodiﬁed
from Huszar et al.29 with a trans-4-HYP (Sigma) reference. Collagen
content was obtained by multiplying the HYP content with 7.630,31.
GAG- and collagen fractions were normalized to the dry weight.
The remaining two thirds, which included the center of the
sample where the indentation was applied, was used for histolog-
ical analyses. In the most central slices, picrosirius red and safranin
O/fast green stainings were evaluated for general histological
appearance and for monitoring local changes in PG and collagen
content at the site of indentation through the depth of the tissue.
Col 2-3/4M and Col 2-3/4Cshort immunostainings were performed
to analyze mechanically induced collagen damage and enzymati-
cally cleaved collagen, respectively1,25e27. The 7 mm slices were
incubated in 1% testicular hyaluronidase (30min, 37C), followed by
10% normal horse serum (Col2-3/4M) or 10% normal goat serum
(Col2-3/4Cshort) (30 min, RT), and Col2-3/4M or Col2-3/4Cshorts are those comparing the values of the 11 cycles within each loading protocol. n is the
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incubated in biotin-labeled horse anti-mouse antibody (Col2-3/4M)
or goat anti-rabbit antibody (Col2-3/4Cshort) (1/400, 1 h, RT) fol-
lowed by a biotin streptovidin detection system (30 min). Finally,
they were incubated in 10 mg 30,30diaminobenzidine dissolved in
15 ml PBS with 12 ml 30% H2O2 (7 min) and counterstained with
Mayer’s hematoxylin. Negative controls were incubated in PBS
instead of in Col2-3/4M and Col2-3/4Cshort antibodies. As positive
control, a sample was stained that was excessively loaded by
compressing it manually using a thin metal plate.
Statistical analysis
Data are represented as mean þ/ 95% conﬁdence intervals.
Statistical analyses were done using SPSS (Version 19, IBM SPSS
Statistics, Chicago, IL). The one sample t-testwas employed to verify
that parameters of the control experiments were not signiﬁcantly
changed during the experiments. Comparisons between experi-
mental groups were performed by one-way ANOVA using Bonfer-
roni post hoc testing to identify speciﬁc signiﬁcant differences.Fig. 4. Bar graph with all FRP per experiment type displayed as subtraction of (a): the second
intervals).Levene’s test and ShapiroeWilk test were used to test the homo-
geneity of variance and the normality. Both were used to justify
the one-way ANOVA test. Correlations between force relaxation
and compositional parameters were tested using the Pearson
correlation analysis test. In all cases P < 0.05 was considered
signiﬁcant.
Results
FRP variations
None of the FRP’s of the control group was signiﬁcantly different
from zero (all relaxation similar to the ﬁrst relaxation), and there
was no difference between samples evaluated with the two tensile
testing systems (data not shown).
The normalized peak (Fig. 2) and equilibrium reaction forces
(Fig. 3) decreased in the groups that received increasing and15Npeak
loading. Negative values for the peak and equilibrium parameters
indicate softening. Time constant did not change signiﬁcantly with
peak loading cycles in any group.from the ﬁrst cycle value, b: the last from the ﬁrst cycle value. (Mean  95% conﬁdence
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loading cycles as apparent from the difference in FRP values
between the second and the ﬁrst loading cycle [Fig. 4(a)]. In the
increased loading group, softening steadily increased with
increased loading, and was only signiﬁcant after multiple cycles
[Fig. 4(b)]. The eventual softening that occurred at the end of the
increasing load group and the 15 N group was not signiﬁcantly
different from each other. Groups that received 3 N or 6 N did not
differ from control even after 10 peak loads [Fig. 4(b)].
Biochemical analyses
Average height of all samples was 0.95  0.12 mm, with no
difference between the groups (Fig. 5). Also, the biochemical
compositions of the samples per group was similar, with only
a statistical difference for the average water fraction (after loading)
in the increasing peak load group (0.78  0.04) compared to the
constant 6 N (0.83  0.02) and 15 N (0.84  0.01) peak load
experiments (Fig. 5).
Histology
Picrosirius red and safranin O/fast green staining [Fig. 6(aed)]
revealed that we had both fully mature and immature cartilage
samples in our experiments21,24. They are equally distributed
among the experimental samples and no correlation with experi-
mental results was found. Moreover, in agreement with our former
ﬁndings27, we could not detect any signs of indentation-induced
effects in the tissue by these stainings. Col2-3/4M staining was
negative in all samples, while enzymatic damage (Col2-3/4Cshort)
appeared similar in experiments and in unloaded control groups
[Fig. 6(eeh)]. A severely compressed cartilage sample was used as
positive control [Fig. 6(i)].
Discussion
For the axial loading with a spherical indenter that we applied in
this study, we identiﬁed that a threshold loading exists belowwhich
cartilage softening does not occur. Samples loaded by 6 N peak loads
did not show softening, while a loading of 15 N induced immediate
softening in all samples, which on average increased during the
two subsequent loading cycles after which it remained constant
(Figs. 2 and 3). Interestingly, histological and immunohistochemicalFig. 5. Average compositional parameters per experiment type. GAG and collagen fractionsanalyses using the Col2-3/4M probe did not show collagen damage
in the samples that were softened as a consequence of the 10
repeated 15 N peak loads. Yet, it was shown before that this probe is
very sensitive and can pick up very early damage in the collagen
network, bothas a consequenceofhigh tensile strains andhigh shear
strains27. Therefore, we conclude that tissue softening is likely the
earliest change in mechanically challenged cartilage, and that most
likely, this softening is not the consequence of collagen damage.
In the present study we aimed to identify threshold loading
levels at which softening starts. When 6 N or 3 N indentation loads
were applied, no softeningwas apparent in the tissue. This indicates
that these loads do not damage the material, and also conﬁrms that
the loading protocol used to assess the material properties did not
inﬂuence the results of the test. At 15 N indentation loading, soft-
ening was apparent in most samples, without any other sign of
damage. To compare this to other ﬁndings in the literature we
estimate the applied stresses with our round indenter as follows.
With 15 N loading, the maximum indentation depth is around
0.3 mm. This translates into a sample contact area of 1.6 mm2, and
9.4 MPa average applied stress on the tissue. Because of the round
indenter shape, applied stress exceeds 9.4 MPa at the center of the
indenter, and declines toward its periphery. In comparison, for
normal human activities such as walking and stairs up/down
climbing, Morrison32,33 measured patella-femoral and tibial-
femoral contact stresses in the range of 3.2e5.3 MPa and 1.3e
7.4 MPa, respectively. Physiological cartilage stress levels in the
patello-femoral joint were also reported to vary between 1.28 and
12.6 MPa34, while Smidt measured patello-femoral contact stresses
in the rangeof 1.9e4.8MPa35. In vitromechanical testingof the tibio-
femoral joint in neutral position resulted in contact stresses in the
range of 0e14MPa36e41, at which levels no damagewas apparent in
the tissue. In contrary, visible cartilage damage was induced in vitro
by applying impact loads of 11e36MPa12,13,42e45. These data concur
with our result that early softeningwithout visible damage occurred
whenweapplied around9.4MPa stress to the cartilage, as this stress
level exceeds physiological stress levels, and is below the stress level
at which visible damage was found to occur.
The present loading protocol best resembles a former study,
where collagen damage was observed to occur after ﬁve indents
using 25 N loads27. The present study applied maximum loads of
15 N, as a result of which no collagen damage was observed, but
tissue softening was apparent. Because of differences in setups it is
difﬁcult to make a direct comparison with indentation studies inare normalized to the dried weight of the sample. (Mean  95% conﬁdence intervals).
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in literature46e48, and accounting for the effect of the ﬂat bottom of
their indenter compared to our round surface, we derive that the
non-damaging indentations that they used should be compared to
loads in the order of 5e10 N in our setup. This matches our ﬁnding
that samples remained unchanged when they received 6 N loading,
but did softenwhen 15 N indents were applied. Interestingly, tissue
softening of early osteoarthritic articular cartilage was found to beFig. 6. Typical histological sections from two samples per staining: (a, b): picrosirius
red, (c, d): safranin O/fast green, (e, f): Col2-3/4M, (g, h): Col2-3/4Cshort, (i): Col2-3/4M
positive control. Left: from 6 N experiments, right: from 15 N experiments.in the order of 20e80%15e21. This concurs with the softening that
was induced using 15 N loading with our indenter, which was
around 40% [Fig. 4(b)].
Some aspects of the study design and results require further
analysis. First, we used a round indenter with a radius of 1 mm to
induce cartilage softening. With the same indenter at slightly
higher forces, collagen damage was found to occur. Obviously, the
in vivo shape of opposing cartilage surfaces is different from that of
the indenter used in this study. We used an indenter as a model
system to induce high strains, locally in the tissue, and to explore
whether this would lead to softening, collagen damage or both.
Although the strain distribution will be different for different
shapes and properties of the indenter, similar phenomena will
occur. It is likely that our ﬁnding that tissue softening occurs before
collagen damage becomes apparent also holds in vivo. Second, the
cartilage samples that we included in our study are obtained from
young bovines. Histology showed that some samples did not even
reach full maturation (Fig. 6). We evaluated a possible relationship
between tissue maturation and tissue softening, but we did not
observe any trends and therefore pooled mature and immature
samples. The reason that tissue maturation does not affect our
results may be explained by the fact that cartilagematuration starts
close to the surface, and ends halfway the depth of the cartilage49.
Using a relatively small indenter, the highest strains are induced
close to the surface, and also collagen damage was found to occur
close to the surface27. At this location, all tissues, including the
immature samples, showed normal PG-rich tissue covered with
a collagen-rich superﬁcial zone (Fig. 6).
The difference between the groups that received 6 N and 15 N
indicated that the threshold value to initiate softening in our setup
is somewhere in between, with some more variability within these
groups than in the 3 N group, likely indicating variability in dura-
bility between samples. For some samples, the threshold for soft-
ening may be close to 6 N than to 15 N, and vice versa. The same
effect is apparent in the group that received increasing levels of
loading, which showed the most variable response. Some samples
already softened after the ﬁrst cycles, while other samples only start
to become damaged at higher loads. We may speculate that this
variability between samples is the results of loading history of the
tissue in vivo, possibly reﬂected by individual tissue composition or
sample thickness. Although such sample-speciﬁc variation may
exist, we did not observe differences in PG or collagen contents
between groups (Fig. 5). A statistically signiﬁcant difference inwater
fraction exists, the absolute difference is only small and could be
considered biologically not meaningful. Also, the group that differs
from the other groups is the one that received increasing load levels
with time. This group is the least important for the conclusions
drawn in this study. Therefore, we consider the observed difference
in water fraction unimportant for the interpretation of the results.
Based on our results and previous studies, we postulate that the
development of mechanically induced cartilage damage occurs in
three steps, which all have a certain threshold level. Above the
lowest threshold level, cartilage softening is induced but without
visible structural damage. Above a second threshold level, collagen
damage is visible at the site of loading. Above the third threshold,
macroscopically visible damage occurs. These thresholds are
sample speciﬁc; with our indenter and loading regime, the ﬁrst
threshold was between 6 and 15 N for most samples, and above
15 N for some. The second threshold is between 15 and 25 N for thin
samples and above 25 N for thicker samples27. However, the exact
forces at which damage occurs may depend on other parameters
such as strain rate, as was shown for macroscopic damage50,51.
It remains speculative which effect caused the softening that we
observed. The damage did not affect any parameter directly related
to ﬂuid ﬂow, because peak loading didn’t change the time-constant,
S.M. Hosseini et al. / Osteoarthritis and Cartilage 21 (2013) 136e143142and the damage not only affected the peak stress, but also the
equilibrium stress level during which ﬂuid ﬂow is absent. There-
fore, we propose that the observed decrease in reaction force
originates from changes in either the ﬁbrillar or the non-ﬁbrillar
components of the tissue, or both. We cannot exclude that the
observed softening phenomenon may be due to the intrinsic vis-
coelastcity of the collagenePG matrix. However, long-term visco-
elastic effects did not appear in controls and in 3 N and 6 N
experiments and the time constants in higher loading experiments
were not affected. Therefore, we consider it more likely that the
cause of the observed changes is due to the actual changes
(damage) in the tissue. Damage to the non-ﬁbrillar PG network is
less likely, because PGs are expected to be more resilient than
collagen ﬁbers. Therefore, we anticipate that they would not be
damaged before collagen ﬁbers are. Also, we don’t expect that our
peak loadings induce a loss of PGs from the tissue. The peak loads
were applied for a short period of time, during which signiﬁcant
ﬂow of ﬂuid or transport of (macro)molecules is not expected.
Smaller breakdown products of PGs may have been transported out
of the tissue as a consequence of the sustained, 10% loading step,
during which equilibrium ﬂuid ﬂow is reached, but in that case also
the baseline control experiment would have been affected, which is
not the case. Furthermore, no PG staining changes were visible in
the histology sections. The remaining explanation is that the
collagen network was damaged, yet that wewere unable to capture
this damage with the Col2-3/4M staining. However, this method
has proven very sensitive in the past, and also to stain collagen that
was damaged by both excessive tensile and shear loading27. Yet, we
cannot exclude that a loss of crosslinking or entanglement could
have occurred, which may have led to a rearrangement of the
collagen network. To explore such effects is part of our future work.
Based on the presence of signiﬁcant tissue softening and the
absence of a positive staining for collagen ﬁber damage, we
conclude that softening of cartilage tissue becomes apparent even
before collagen damage can be observed. This invalidates our
hypothesis that collagen damage is necessary to cause the earliest
tissue softening that occurs in mechanically challenged cartilage.
Based on these results and on prior work, we consider cartilage
softening the earliest sign of changes in the cartilage after excessive
loading, which is followed by collagen damage and visible macro-
scopic damage when higher loads are applied. Because it is possible
to monitor softening in a fast, economical and non-invasive
manner, this opens possibilities to very sensitive studies toward
understanding the earliest onset of OA.
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